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ABSTRACT Neuronal growth cones are motile structures located at the end of axons that translate extracellular guidance information into directional movements. Despite the important role of growth cones in neuronal development and regeneration,
relatively little is known about the topography and mechanical properties of distinct subcellular growth cone regions under live
conditions. In this study, we used the AFM to study the P domain, T zone, and C domain of live Aplysia growth cones. The
average height of these regions was calculated from contact mode AFM images to be 183 5 33, 690 5 274, and 1322 5
164 nm, respectively. These ﬁndings are consistent with data derived from dynamic mode images of live and contact mode
images of ﬁxed growth cones. Nano-indentation measurements indicate that the elastic moduli of the C domain and T zone
rufﬂing region ranged between 3–7 and 7–23 kPa, respectively. The range of the measured elastic modulus of the P domain
was 10–40 kPa. High resolution images of the P domain suggest its relatively high elastic modulus results from a dense meshwork of actin ﬁlaments in lamellipodia and from actin bundles in the ﬁlopodia. The increased mechanical stiffness of the P and T
domains is likely important to support and transduce tension that develops during growth cone steering.

INTRODUCTION
During the development of the nervous system, neurons
project axons over long distances to reach their synaptic partners. The neuronal growth cone, a highly motile sensory
structure at the tip of the axon, receives multiple extracellular
guidance cues through surface receptors and transduces this
information into directional movements (1,2). Considerable
progress has been made in uncovering the various guidance
molecules and underlying signaling pathways (3,4) as well
as the role of F-actin and microtubule cytoskeleton in growth
cone movements (5). However, knowledge about the threedimensional organization and mechanical properties of
distinct growth cone regions and their dynamic cytoskeletal
components under live conditions has remained sparse.
Although there are variations between neuronal cell types,
growth cones have a similar basic structural organization as
illustrated in Fig. 1. The P domain consists of lamellipodial
veils that are separated by filopodial actin bundles. In these
bundles, the actin filaments are oriented with their plus
ends toward the tips (Fig. 1, green), whereas the intervening
lamellipodial veils contain a branched F-actin network with
more randomly oriented filaments (Fig. 1, gray) (6–9). Very
dynamic F-actin structures called intrapodia or ruffles
(Fig. 1, red) are found in the T zone between the P and C
domain (10,11). Transverse actin arcs (Fig. 1, blue) are
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located in the T zone around the C domain and are regulated
by Rho activity (12,13). Finally, although not indicated in
Fig. 1, there are also stable actin bundles in the C domain
that can be visualized either by EM or live cell actin imaging
(12,13). Three main processes determine F-actin dynamics in
the growth cone periphery and in motile cells in general: 1),
F-actin assembly along the leading edge of lamellipodia and
in the tips of filopodia; 2), retrograde flow of F-actin largely
driven by myosin II activity; and 3), recycling of actin filaments in the T zone by a combination of severing and disassembly (10,14,15). Microtubules are localized mainly in the
C domain of the growth cone and the axon (Fig. 1, yellow).
They are relatively stable in the C domain and axon, whereas
highly dynamic microtubules extend into the P domain and
continuously explore the periphery (16). Although numerous
reports have shown the key role of the actin and microtubule
cytoskeleton in growth cone morphology, dynamics, and
guidance functions (17–23), little is known about the
mechanical properties of these cytoskeletal structures within
live growth cones.
The AFM has been applied to many different cell types to
determine their topography and mechanical properties under
fixed and live conditions (24–27), showing intracellular
structures such as cytoskeleton and vesicles (28–31). In the
case of neurons, the majority of AFM imaging has focused
on the cell body, axon, and synaptic vesicles, whereas less
attention has been paid to the growth cone and its underlying
cytoskeletal structures (31–37). In a previous study (38), we
have used the AFM to determine the topography of subcellular structures of fixed Aplysia growth cones, a model
system for analysis of cytoskeletal dynamics and biomechanics. The high force sensitivity of the AFM cantilever
has made it a useful tool for measuring the mechanical
doi: 10.1016/j.bpj.2009.03.032

AFM Imaging of Live Growth Cones

5061

measured with CM and DM imaging to determine the influence of the applied force on imaging before optimized DM
imaging conditions were selected to measure the height of
the different growth cone regions. The local mechanical
properties of specific growth cone regions were determined
by nanoindentation measurements made with the AFM.
Significant variations in the elastic modulus were found
between different regions of the growth cone and as a function of indentation frequency. The C domain exhibits stiffness typical of other nonneuronal cell types, whereas the
P and T regions are significantly stiffer than the C domain.
We interpreted the nanomechanical properties of these
subcellular growth cone regions with their underlying cytoskeletal organizations and related them to the proposed function of these regions in growth cone motility and traction
force generation.
MATERIALS AND METHODS
Aplysia bag cell neuronal culture
Aplysia bag cell neurons were cultured on 22  22 mm glass coverslips
coated with poly-L-lysine in L15 medium (Invitrogen/GIBCO, Carlsbad,
CA) supplemented with ASW as described previously (47,48). Cells were
used for AFM imaging and force measurements 1 day after plating.
FIGURE 1 Schematic of growth cone cytoplasmic and cytoskeletal organization. The C and P domains are separated by the T zone. The C domain
contains a high density of stable microtubules (yellow) serving as structural
support for axon elongation and substrates for fast axonal transport of organelles into the growth cone. The tips of microtubules extending beyond the
T zone into the P domain are highly dynamic and continuously explore
the actin-rich periphery via stochastic assembly and disassembly, using
the F-actin bundles as polymerization guides. The P domain consists of alternating lamellipodia and filopodia regions, with highly polarized actin
bundles in the filopodia (green), and more randomly oriented actin networks
in the lamellipodia (gray). F-actin assembly along the leading edge of lamellipodia and in the tips of filopodia is balanced by myosin-driven retrograde
actin flow. Transverse actin arcs (blue) undergoing Rho-dependent contractility are located in the T zone around the C domain. Also, in the T zone de
novo actin assembly occurs in ruffling structures (red), also named intrapodia. Adapted from Schaefer et al. (12).

properties and probe-sample interaction forces with nanometer resolution (39). In vitro measurements of the elastic
properties of cells have been accomplished in a number of
different cell types, and local differences in their elastic
modulus were related to the heterogeneity of the underlying
cytoskeleton (29,40–43). Furthermore, AFM analysis of
active and stable edges of spreading and migrating cells
have revealed elasticity differences across the lamellipodia
that may be important to cell motility (44–46). However,
a detailed quantitative study of the topography and mechanical properties of distinct regions of live neuronal growth
cones has not been carried out to our knowledge.
To address this problem, we have used AFM imaging and
nanoindentation methods to study live Aplysia growth cones.
The morphology of the distinct growth cone regions was

AFM image acquisition and analysis
The growth cones were characterized with an MFP-3D AFM (Asylum
Research, Santa Barbara, CA) that was integrated with an inverted optical
microscope (Eclipse 300, Nikon, Melville, NY). Glass coverslips with Aplysia bag cell neurons were mounted in a fluid cell, which was filled with L15/
ASW media, and the AFM probe was positioned near the leading edge of the
growth cone with the aid of the optical microscope. AFM images were
acquired in both CM and DM (49,50). CM imaging was carried out at an
applied force of 200 pN using 100 mm long Biolever cantilevers (Olympus,
Melville, NY), which have a nominal spring constant of 0.006 N/m. DM
imaging was conducted in intermittent contact mode using 60 mm-long
Biolever cantilevers, which typically had a resonance frequency of 37–44
kHz in air and a nominal spring constant of 0.027 N/m. The drive frequency
used for imaging in liquid was set at the nominal resonance frequency of the
cantilever, which was ~8 kHz. The free-oscillation amplitude of the cantilever was set to 30 nm and stable DM imaging was achieved at a 10–30%
reduction in amplitude. All images have been filtered using a line flattening
algorithm to reduce the 1/f noise.

Force measurements
Force versus distance measurements were carried out at specific positions of
the growth cones identified after DM imaging (51). At each location, a series
of force curves was acquired in which the maximum applied load was
increased from 100 pN to 1,000 pN, and the indentation frequency was
varied systematically from 0.1 to 1 Hz. Forces and distances were calibrated
by determining the spring constant of the cantilever and displacement sensitivity of the photodetector. Before each experiment the mechanical properties of the cantilever were determined by measuring its amplitude-frequency
spectrum in air (52). The sensitivity of the photodetector was calibrated
before imaging the cells using a noncontact calibration method to avoid
possible contamination of the tip (53), and the calibration was confirmed
after each series of measurements using the standard contact method (51).
The radius of curvature of the probes was also measured after each experiment using a SrTiO3 crystal (54) and was found to be ~50 nm.
Biophysical Journal 96(12) 5060–5072
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FIGURE 2 Low-resolution CM and
DM measurements on Aplysia growth
cones. (A) CM AFM image with labeled
P domain, T zone, and C domain. (B)
Color-coded cross sections from the
fast scan lines identified in A. Average
P domain heights are around 100 nm
(red and blue line), whereas average
T zone ruffling heights are between
200–400 nm in this example (green
line). The highest region of this growth
cone was detected in the C domain
(magenta line). (C) Three-dimensional
reconstruction of the grown cone shown
in A. (D) DM AFM image of a different
growth cone. The relative height differences between individual growth cone
regions were consistent with data
acquired from CM images. (E) Cross
sections through different regions of the
growth cone shown in D. (F) Threedimensional reconstruction of the growth
cone shown in D. Scales are indicated.

The elastic modulus of specific growth cone regions was determined using
Hertzian contact mechanics. Hertz’s model (55) relates the force, F, applied
by a spherical indenter of radius, R, to the indentation depth, d, as

FðdÞ ¼

pﬃﬃﬃ
4
E
 R  d3=2 ;

2
3
ð1  n Þ

(1)

where E and v are Young’s modulus and Poisson’s ratio of the sample material, respectively. In this analysis we have assumed that the growth cone is
much softer than the silicon nitride probe and its Poisson’s ratio is 0.5. If this
equation is reexpressed in terms of the piezo position, z, and cantilever
deflection, d, it takes the form



3kðd  d0 Þð1  n2 Þ
pﬃﬃﬃ
z  z 0 ¼ d  d0 þ
4E R

2=3
;

(2)

where zo and do are the contact point and free cantilever deflection value,
respectively. It is often difficult to apply Hertzian mechanics to characterize
cells because they are soft and their mechanical properties are convoluted
with those of the substrate. In this study, we have attempted to minimize
error by using scaling analysis to characterize the force versus distance
measurements, which has been described in Appendix A.

RESULTS
Topography of live aplysia growth cones
Aplysia bag cell neurons were imaged with AFM after 1 day of
culture on poly-L-lysine-coated glass coverslips. Fig. 2 shows
the results of low resolution AFM images of two different
growth cones acquired in contact (CM; Fig. 2, A–C) and
dynamic (DM; Fig. 2, D–F) imaging modes. The large
Biophysical Journal 96(12) 5060–5072

fan-shaped morphology is typical for Aplysia neuronal
growth cones, which contain several distinct cytoplasmic
regions. The C domain is located closest to the cell body
and is significantly thicker than the flat P domain. The
T zone is located between these two regions. It is thicker
than the P domain, and often contains dynamic ruffling structures termed ‘‘intrapodia’’ (10,11) involving de novo actin
assembly and membrane folding. In both imaging modes,
distinct alternating filopodia and lamellipodia structures can
be observed in the P domain (labeled in Fig. 2, A and D).
The filopodial F-actin bundles, also identified in our previous
study that correlated AFM with fluorescent images of fixed
Aplysia growth cones (38), are distributed evenly in the
P domain, emanating from the C domain and terminating at
the leading edge. In these low-resolution images, the lamellipodia veils between the filopodia appear flat and uniform.
Details of the C and T domain structures were more difficult
to resolve in the live AFM images. This is due to the fact
that these domains undergo rapid structural changes that are
often faster than the image acquisition speed of large AFM
scans. However, individual ruffling structures of various sizes
that undergo similar rapid motion were resolved relatively
well in the T zone of the DM images (Fig. 2 D, asterisk).
Furthermore, transverse actin arcs (12,13) were observed in
the CM images around the elevated C domain and perpendicular to the P domain F-actin bundles (Fig. 2 A, asterisk).
Cross-sectional analysis of AFM scans in both modes
indicated that the C domain is the tallest region of the growth
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Average heights of different growth cone domains
CM AFM fixed neuron

Domain
P lamellipodia
P filopodia
T zone ruffles
C domain

CM AFM live neuron

DM AFM live neuron

Average
height (nm)

SD* (nm)

ny

Corrected
heightz (nm)

Average
height (nm)

SD* (nm)

ny

Corrected
heightz (nm)

Average
height (nm)

SD* (nm)

ny

53
73
577
1020

24
11
175
191

82
24
12
10

122
—
623
1113

107
149
589
1137

33
25
274
164

41
76
21
13

183
217
690
1322

142
175
848
1310

28
16
235
137

77
85
23
11

*SD of the heights of individual growth cone domains as measured with AFM.
y
Number of measurements.
z
Corrected height was calculated by adding the average indentation of each growth cone domain to the average height. The variations in the corrected domain
heights are equal to or greater than that of the average measured heights. Note that the corrected heights for fixed neurons are different from our previous report
(38) due to a revised analysis of the indentation data.
AFM, atomic force microscope; C, central; CM, contact mode; DM, dynamic mode; P, peripheral; SD, standard deviation; T, transition.

cone with its highest point ranging from 500 to >1000 nm
(Fig. 2, B and E). The profile of C domain was fairly smooth,
with only small height changes in the range of 20–100 nm.
The thickness of the lamellipodia did not appear to significantly change from the leading edge to the T zone. Cross
sections through the T zone indicated the height of the ruffles
varied between 100 and 500 nm, but occasionally exceeded
the height of the C domain, as seen by comparing the highest
point of the blue and red scan lines in Fig. 2 E.
Table 1 summarizes the results of the height measurements obtained from 7 and 15 different live growth cones
analyzed by CM and DM AFM, respectively, as well as
previous CM AFM measurements obtained from fixed
growth cones (38). The lamellipodia of the P domain was
relatively flat with an average CM and DM height of
107 5 33 nm and 142 5 28 nm, respectively. The T zone
exhibited an average CM and DM height of 589 5 274
nm and 848 5 235 nm, respectively. The average CM and
DM heights of the C domain was 1137 5 164 nm and
1310 5 137 nm, respectively. Because cells generally experience deformation due to the AFM imaging forces, their true
heights are usually larger than those measured by the cross
sections obtained from raw AFM images. In the CM imaging
mode the extent of this deformation can be determined if the
mechanical properties of the cell and the imaging force are
known (assuming the forces imposed by friction and the
inherent feedback error are negligible). The average indentation of the P domain, T zone, and C domain of the live
growth cones under a 200 pN CM imaging force was calculated to be 76 nm, 101 nm, and 185 nm, respectively, using
the average measured elastic modulus of these regions
(Table 2). The ‘‘corrected height’’ under zero load was therefore determined by adding the average indentation depth of
each growth cone region to its average measured height
(Table 1). These corrected heights follow the same general
trend as observed in the uncorrected images, i.e., the
C domain > T zone > P domain height.
Fig. 2, C and F, depict three-dimensional rendered images
of the growth cones acquired in CM and DM, respectively.
Several potential imaging artifacts associated with CM

imaging are visible in Fig. 2 C: the probe appears to have
caught and displaced the edge of the lamellipodia on the right
side of the growth cone (Fig. 2 A, red circle); certain fluidic
material in the C domain seems to have been displaced to the
left side of the primary domain by the probe (Fig. 2 A, red
arrow); and the height of the C domain appears to have
changed abruptly during the scan. The first two artifacts
could originate from the lateral force of CM imaging, i.e.,
the friction produced by the AFM probe tracing across the
sample surface while in constant contact with the sample.
The abrupt change in the height of the C domain may be
a result of cell motion or probe-induced stimulation of the
C domain, which has also been observed in force curve
measurements and will be discussed later. Because of the
potential artifacts induced by the lateral force, we have
focused our additional imaging efforts on DM.
Subcellular structure of the P domain
To assess the ultra-structure of filopodia and lamellipodia,
we acquired high resolution DM images in the P domain
(Fig. 3). Cross section measurements through the P domain
showed that filopodial F-actin bundles are 30–50 nm higher
than adjacent lamellipodial veils and 200–400 nm wide.
Compared to the scans obtained at lower resolutions, three
additional features can be observed in these high resolution
TABLE 2

Mechanical properties of different growth cones
Fixed growth cones

Live growth cones

Young’s modulus (kPa) Young’s modulus (kPa)
Domain

Range

P domain
85–135
lamellipodia
P domain
—
filopodia
bundles
T zone ruffles 176–225
C domain
45–95

SEM
(kPa) n

Average

Range

Average

110

10–25

16.7

1.05 113

—

20–40

29.8

1.35 71

200
70

7–23
3–7

15.7
5.7

3.5 194
0.5 42

C, central; P, peripheral; SEM, standard error of mean; T, transition.
Biophysical Journal 96(12) 5060–5072
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FIGURE 3 High resolution DM
images of the P domain. (A) High resolution scan trace image (scanning direction from left to right) of the leading
edge of a growth cone. Elevated F-actin
bundles and enlarged filopodia tips are
labeled. Dynamic ruffles in the T zone
can be identified as small, elevated
structures at the upper right corner of
the image. (B) The cross section along
the scan line in A shows a height difference of 30–50 nm between F-actin
bundles and their surrounding lamellipodia. (C) The retrace image (scanning
direction from right to left) of the
same scan shows filopodial structures
that are very similar to those shown in
A, suggesting that the imaging force
did not perturb filopodia integrity. (D)
The height profile of the cross section
in the retrace image (C) is very consistent with the profile (B) of the trace
image (A).

images. First, the filopodia are not completely straight but
exhibit kinks along their entire length, particularly close to
the T zone (Fig. 3, A and C, asterisk). The fact that the shape
of these kinks was unaffected by the scanning direction
(Fig. 3, A and B, are trace and retraces images of the same
scan, respectively) indicates that these kinks are not imaging
artifacts but an inherent property of the filopodia. Kinked
filopodia have been previously observed in F-actin images
of both fixed and live Aplysia growth cones after staining
with fluorescently labeled phalloidin (10,12,15). These kinks
have been attributed to compression in the T zone and may
facilitate the severing of the actin filaments that is followed
by their depolymerization.
The second new information gained from high resolution
DM scans was the fact that the lamellipodial veils close to
the leading edge are 10–20 nm thicker than in areas closer
to the T zone. This increased thickness of the P domain close
to the leading edge correlates well with the increased F-actin
density in this region (7,12,56). This 2–3 mm wide band of
short and branched actin filaments has been identified as
the region in which barbed-end assembly of actin filaments
occurs to drive lamellipodial protrusion. Actin filaments
tend to be longer and less branched father away from the
leading edge.
The third observation resulting from these high resolution
images was that the tips of the filopodia are enlarged and
quite sensitive to the imaging force (Fig. 3, A and C). These
enlarged tips have initially been observed by DIC microscopy on short filopodia of young growth cones (57,58).
Our previous CM AFM analysis of fixed Aplysia growth
cones showed that these filopodia tips were 2.5 times taller
and 1.5 times wider than their shafts (38). Although we
observed a similar tip/shaft size relationship under live
conditions (Fig. 3, B and D), exact measurements of these
enlarged tips at similar resolution as carried out previously
Biophysical Journal 96(12) 5060–5072

in fixed cells (38) was not possible due to the fact that these
tips are very sensitive to the force needed to image at higher
resolution (10 mm  10 mm scans).
Fig. 4 shows high resolution images of the actin network
in the lamellipodial veil of the P domain. The thinnest structures of the meshwork between filopodia are 10–35 nm
higher than adjacent lamellipodia as determined by DM
AFM imaging (Fig. 4, B and D). Thus, these thinnest linear
structures could represent individual actin filaments. We
made three observations in these high resolution images of
the actin meshwork. First, the filaments of this actin meshwork sometimes appear to crossover the filopodial bundles,
suggesting that they may be located above the actin bundles
(Fig. 4, B and D, circles). Second, several filaments of the
lamellipodial actin network appear to connect with the filopodial bundles, suggesting that they may be derived from
these bundles and/or giving rise to bundle formation
(Fig. 4 D, asterisk). These findings on actin filament connections between filopodial bundles and lamellipodial meshwork are consistent with observations from previous light
and electron microscopy studies (8,9,12). Third, there seems
to be a correlation between the positions where network filaments intersect with filopodial bundles and the positions of
kinks in the bundles (Fig. 4, A and B, arrows). The distance
between network filament crossings and bundle kinks generally appear to be within a range of 50–300 nm to each other.
This close proximity could indicate that the kinks in the stiff
actin bundles could be due to the physical coupling between
these bundles and the meshwork filaments.
Subcellular mechanical properties
Force-distance curves were acquired at 0.1 Hz to determine
the relative elastic moduli of the P domain, T zone, and
C domain (Fig. 5). The forces in each region of the growth
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FIGURE 4 High resolution analysis
of filopodial actin bundles and lamellipodial actin networks in the P domain.
(A and C) High resolution DM images
showing details of the filopodia actin
bundles and actin meshwork structures
in different growth cones. The filaments
in the actin network are less interconnected in A when compared to C. In
both images, the individual filaments
of the meshwork are thinner and less
oriented than the filopodial actin bundle
running from top to bottom. (B and D)
Magnifications of boxed areas in A
and C, respectively. Asterisks indicate
potential connections between lamellipodial actin meshwork and filopodial
actin bundles. Arrows indicate locations
where kinks in bundles correlate with
connecting lamellipodial actin structures. Scales are indicated.

cones were purely repulsive and showed several distinct
regions of power law behavior. Hertz’s model was fit to
portions of the force curve following the 1.5 power law
behavior and the resulting Young’s moduli are summarized
in Table 2. The Young’s modulus measured on the lamellipodia of the P domain of seven different growth cones varies
between 10 and 25 kPa with an average value of 16.7 kPa. It
was necessary to use indentation depths that exceeded 10%
of the thickness of the P domain in this analysis thus it is
likely that the measured elastic moduli are higher than the
inherent values of the P domain. The Young’s moduli in
the T zone and C domain varied from 7 to 23 kPa and 3 to
7 kPa, respectively.
Analysis of the force measurements made at different
positions of the P domain showed three trends (Fig. 6). First,
the Young’s modulus of filopodial actin bundles (Fig. 6 A,
positions 1 and 2; Table 2) is significantly higher, i.e.,
20–40 kPa, than those measured on the lamellipodia between
these bundles (Fig. 6 A, position 3; Table 2), i.e., 10–25 kPa.
Second, there is no apparent correlation between the
measured thickness and elastic modulus of the lamellipodia
regions on most growth cones. That is, all lamellipodia exhibiting an actin meshwork seem to have a similar Young’s
modulus regardless of their different heights. The only
exception is that in actively advancing growth cones, the
Young’s modulus of the elevated leading edge has an
average value of 35 kPa, which is much higher than the

measured average for lamellipodia. Third, in growth cones
with very few actin bundles in the P domain, the Young’s
modulus ranges between 10 and 15 kPa, which is much
lower than the average value measured on the P domain of
healthy growth cones that are rich in F-actin. Thus, it seems
that variations in the Young’s modulus measured on these
different P domain structures (filopodia versus lamellipodia)
are correlated closely with local differences of their underlying cytoskeletal structure.
Analysis of the mechanical measurements made at
different positions of the T zone and C domain was complicated by the fact that DM AFM did not reveal the details of
the cytoskeletal organization in either of these regions. No
correlation was found between the measured Young’s
modulus and the thickness of the T zone and C domain. It
was also clear that the C domain has a significantly smaller
Young’s modulus that varies less than that of the P domain
or T zones. An interesting observation was made when the
mechanical properties of specific portions of the growth
cone were measured at different loading rates. Measurements
made on the P domain at frequencies less than 1 Hz showed
little hysteresis in the approaching and retracting force
curves. However, ~20% of the measurements made on the
C domain and >90% of the measurements made on the
T zone showed significant hysteresis at frequencies >1 Hz
rate. Fig. 7 A shows a typical ’’high’’ frequency force curve
taken in the T zone in which a sudden decrease in the
Biophysical Journal 96(12) 5060–5072
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(Fig. 7 B). These results suggest that there may be a
frequency-dependent mechano-chemical transduction process that affects cytoskeletal organization and dynamics in
the T and C regions of the growth cone.
DISCUSSION
Growth cone topography

FIGURE 5 Force curves measured in different growth cone regions.
Young’s modulus of the P domain, T zone ruffling region, and C domain
were determined from the low-load regions of the force curves to be
36.3 kPa, 16.4 kPa, and 4.9 kPa, respectively. Indentation of the P domain
at forces of >400 pN becomes saturated. This load corresponds to an indentation of ~65 nm, which is ~1/3 of the thickness of the P domain. This is
consistent with previous thin film mechanical indentation measurements
(75,78). For the thicker C domain, this saturation behavior occurs at an
indentation depth of ~140 nm, which appears at a loading force >600 pN.
From the force curve measured on top of the T zone ruffles, which is both
thick and relatively stiff, this saturation is barely visible at a indentation of
~120 nm with a loading force >800 pN, due to the restriction of the upper
limit of the loading force applied in our experiments. Low loading force
curves plotted on a linear scale from these three cytoplasmic regions
(wavy lines) and their corresponding Hertzian contact model fits (solid lines)
were consistent with each other in the 50 nm indentation range.

apparent stiffness was observed in the approach curve (top)
and a slight decrease in the apparent stiffness in the retracting
curve (bottom). When the force curve was measured at a
lower rate, such as 0.1 Hz, no hysteresis was observed

This AFM study represents what we believe is the first
detailed topographical and mechanical analysis of welldefined subcellular structures in live neuronal growth cones.
Although previous AFM studies have resolved live growth
cones (32–34,36,37), the data in the current study provides
much more detail about the structure of the subdomains
and cytoskeleton, which we attribute to three factors. First,
previous reports used vertebrate growth cones, which are
5–10 times smaller and often have less well-defined subcellular domains when compared to Aplysia growth cones.
Second, vertebrate growth cones typically have more
dynamic lamellipodia and filopodia than Aplysia growth
cones. Because of the limited temporal resolution of the
AFM, it is more difficult to acquire high resolution images
of very dynamic growth cones. Third, the imaging force in
this study was carefully controlled and DM imaging was
used to minimize deformation of the subcellular growth
cone structures.
Both CM and DM images were acquired from live growth
cones to provide a more accurate measure of the thickness
and structure of the individual subcellular regions. Although
the CM images seem to show more details especially in the
T and C regions, examination of the height profile suggests
FIGURE 6 Force curve analysis
shows that filopodial actin bundles are
stiffer than lamellipodial actin meshwork structures. (A) High resolution
DM image of P domain actin bundles
and meshwork. Force curves were
measured using the same AFM tip on
three different positions indicated in
A: position 1 and 2 on top of filopodial
actin bundles with different heights,
and position 3 on top of lamellipodial
actin meshwork between bundles. (B)
Height profile of the cross section made
through these three points indicated by
the black line in A. (C) Corresponding
force curves taken at these three positions marked in A and their corresponding Hertzian contact model fits within
50 nm indentation range. The resulting
Young’s moduli have consistently
higher values on top of actin bundles
regardless of the height differences existing between these bundles (1 and 2,
~33.3 kPa and 36.3 kPa, respectively),
when compared to the meshwork filaments (3, ~13.2 kPa).
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FIGURE 7 Frequency-dependent hysteresis in the T zone. (A) Force curve
measured in the T zone at 1 Hz rate showing hysteresis behavior seen
between the approaching (top) and retracting (bottom) parts of the force
curve with a sudden decrease in apparent stiffness in the approaching part
of the force curve. (B) Force curve measured at 0.1 Hz at the identical position with no apparent hysteresis behavior. The stiffness determined from
B is also slightly lower than the one measured from (A).

this is due to higher levels of probe indentation into the
growth cone. This indentation does not seem to produce irreversible damage of the growth cones but clearly modifies the
observed structures. We believe that the DM AFM technique
applied in this study provides high resolution information
with significantly less cellular deformation. The structural
features observed in these images are in agreement with
data from previous light and electron microscopy studies
as well as with our former AFM analysis of chemically fixed
Aplysia growth cones (38).
Ultrastructure of the P domain and T zone
The subcellular features resolved with DM AFM reported in
this study, particularly the different subpopulations of the
actin cytoskeleton, are consistent with previous studies using
phalloidin-labeling of F-actin in both fixed and live growth
cones (10–12,59) as well as using various EM techniques
including negative staining, freeze edging, and platinum
replica (6–9,12,56,60,61). In the P domain of Aplysia growth
cones, filopodial F-actin bundles are aligned perpendicular to
the leading edge with average distances of 2–3 mm between
them (Fig. 3). The kinks observed in the filopodial bundles
are independent of the scanning direction and have been reported in studies using live F-actin imaging as well (12,15).
Therefore, we believe that these kinks are unlikely to be
imaging artifacts and could possibly originate from the
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physical coupling between filopodial actin bundles and their
surrounding lamellipodia actin network undergoing actomyosin contractions as proposed recently (12,15).
The high resolution AFM images in this study have shown
ultrastructural details of the actin meshwork between the
filopodia (Figs. 4 and 6). The apparent connections between
actin filaments in the meshwork and the filopodia are consistent with EM data suggesting the filopodia and lamellipodia
is interdependent (8,9). Our high resolution images show that
filopodial kinks tend to occur in proximity of meshwork filaments connecting with and crossing actin bundles close to
the T zone. These kinks may be a result of actomyosin
contractions, particularly in the T zone.
In young and healthy growth cones, the 3 mm-wide band
immediately behind the leading edge is higher and stiffer
than lamellipodial regions closer to the T zone (Fig. 3),
which is due likely to a dense array of many short and
branched actin filaments in this region that are involved in
veil protrusion, whereas longer and less-branched filaments
are present more distal to the leading edge (8,9,12,56). The
fact that these branched filaments could not be resolved
with the AFM may be indicative of the stiffness or mobility
of this region. Finally, using DM AFM imaging we also
confirmed the presence of enlarged filopodia tips in young
growth cones (Fig. 3) as observed previously by AFM
imaging of fixed growth cones (38) as well as by light
microscopy (57,58).
Height of growth cone regions
We have determined the heights of distinct growth cone
regions with both DM and CM imaging methods (Table 1),
and compared these measurements with CM data from fixed
growth cones (38). All three methods produced in the same
relative height distribution between the three growth cone
domains, showing the P domain as the thinnest growth
cone region. In addition, several trends can be observed in
these results, giving us insight into the accuracy of the
different types of AFM height measurements. First, the
average DM height of each region of live growth cones
was greater than average CM height of the corresponding
live or fixed growth cone region. Second, the average DM
height of each region of the live growth cone was larger
than the corrected average CM height of the corresponding
region in the fixed growth cones. Third, the average DM
heights were statistically indistinguishable from the corrected average CM heights of the live growth cones in the
T zone and C domain (based on a 99% level of confidence.)
This last observation is somewhat surprising considering that
DM imaging has been reported to impart significant force to
hard surfaces. We attribute this result to the fact that the
mechanical response of the cell is dominated by viscoelasticity at the high frequencies, i.e., when the interaction
time between the AFM tip and the growth cone surface is
much smaller than ~1 ms (as in the case of DM imaging at
Biophysical Journal 96(12) 5060–5072
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8 kHz frequency), the cytoplasmic material acts as a ‘‘hard’’
material to prevent the underlying structures of the growth
cone from undergoing large deformations (62). Thus, the
corrected CM and DM heights seem to be reasonably accurate measurements of the thickness of each specific region of
the live growth cone.
An interesting observation can be made when comparing
the corrected CM heights of the live and fixed growth cones:
significant flattening occurred as a result of fixation in all
regions of the growth cone except for the T zone ruffles/
intrapodia. Chemical fixation results in cross-linking of
free amines and the condensation of the proteins in the cytoplasm. Thus, if the proteins are homogeneously distributed
throughout the cytoplasm, this would result in the shrinkage
of all regions of the growth cone to similar extents. The fact
that the T zone ruffling region does not shrink as much as the
other regions may indicate that it contains a higher density of
closely related proteins when compared to the other growth
cone regions. This observation is supported by the fact that
the elastic modulus of the fixed T zone ruffles is significantly
higher than that of either the P or C domain. The organization
and precise function of the T zone ruffles/intrapodia is not
entirely clear at this time; however, this high protein density
could result from the presence of both short and long actin
filaments in this region, as well as actin-associated proteins
that contribute to its high rate of de novo actin assembly
and turnover (11).
Mechanical properties of different growth cone
regions
In this study, we have used the AFM to make nanoindentation measurements in specific regions of the Aplysia growth
cone. Each region of the growth cone was found to exhibit
elastic behavior at low levels of strain at indentation speeds
of <0.1 Hz; and Hertzian contact mechanics was used to
calculate an elastic modulus from these stress-strain
measurements. Contact mechanics studies of homogeneous
materials indicate that the stress field produced by a probe
rapidly decays into the sample with a characteristic length
that is determined by the indentation depth and size of the
probe (63). However, cells are not homogenous but are
composed of a soft membrane enclosing a soft cytosol and
stiff cytoskeleton. Fig. 8 shows the measured elastic modulus
of several cell types and subcellular components that are
present in the growth cone. The elastic modulus of whole
cells is significantly higher than that of the cytoplasm, but
significantly lower than that of a microtubule or actin fiber
or filament. Thus, we anticipate that the AFM elastic
modulus measurements will reflect the properties of the
molecular components in proximity to the probe but may
also reflect the longer-range structure of the cytoskeleton.
It seems that the elastic moduli of specific regions of the
Aplysia growth cone fall within the range of behavior shown
in Fig. 8, but that the elastic modulus of the T zone and
Biophysical Journal 96(12) 5060–5072
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FIGURE 8 Young’s moduli of different structural components in live
cells. Previous studies on different cellular structural components have
suggested that most of these structures have a much higher mechanical
stiffness than the ones exhibited by the cells as a whole (in the range of
500 Pa–100 kPa). For example, AFM-based single-cell compression studies
suggested the stretching elasticity of live cell membrane lies in the range
of 10–35 MPa (81). Young’s modulus of single actin filament deduced
from thermal fluctuation studies of its flexural rigidity is ~2.6 GPa (66),
whereas studies indicated that single microtubule has a Young’s modulus
in the range of 10 MPa–1 GPa (82).

P domain are relatively stiff when compared to other cell
types. It was not expected that these regions would be stiff
as neuronal tissues are quite soft. Recent studies of cell
mechanics has shown that the stiffness of a cell is closely
linked to the amount of stress it generates and the mechanical
properties of the surface it is interacting with (64). The fact
that leading edge of the Aplysia growth cone is stiff seems
to be consistent with these observations: Aplysia growth
cones grown on stiff glass substrates produce high levels
of tension during neurite growth and guidance (47).
We observed a strong correlation between elastic modulus
and F-actin content and organization in distinct growth cone
regions. The highest mechanical stiffness was determined for
the highly oriented filopodial actin bundles in the P domain
(between 20 and 40 kPa), whereas the average stiffness in the
intervening lamellipodial regions consisting of an isotropic
meshwork of single actin filaments is between 10 and 25 kPa
(Fig. 5; Table 2). These findings are consistent with previous
in vitro studies demonstrating that isolated actin bundles
exhibit higher stiffness than isotropic networks of single
actin filaments and that actin filament gels have a elastic
modulus of 10 kPa at a concentration of 10 mg/mL (65).
The C domain also seems to be the softest of all the identified
growth cone regions. The major cytoskeletal component of
the C domain are microtubules, which are known to have
nonisotropic mechanical properties (66); however, many
vesicles are also located in the C domain, which have a stiffness two to three orders of magnitudes lower than microtubules (67). This result seems to be consistent with an AFM
study on fibroblast cells that showed that F-actin depolymerization but not microtubule disruption resulted in a significant
decrease of cell rigidity (43).

AFM Imaging of Live Growth Cones

The fact that the C and T domains were sensitive to the
rate at which force measurements were made was unexpected. The frequency-dependent response in this study
does not seem to be the result of a viscoelastic effect, which
would simply cause the stiffening of these zones under highfrequency forces without the observed abrupt change in the
apparent Young’s modulus. Instead, the force behavior
seems to be associated with a frequency-dependent stimulation of a mechanical/chemical process that affects cytoskeletal structure and/or dynamics. Such transducers have been
hypothesized to regulate the stress-strain behavior of
a number of types of cells (68). The sensitivity of involved
cytoskeletal or signaling components to the rate of indentation may simply be due to the fact that force is transduced
more effectively to these elements at higher frequencies.
However, single-molecule force measurements have revealed that specific molecular interactions have a timeenergy-lifetime behavior that is interrelated through
E ¼ F  d þ k  T  lnðnÞ;
where E is the activation energy of an interaction, F is the
force applied to the process, d is a scaling length representative of the interaction, kT is thermal energy, and v is
frequency (69). Thus, a mechanically triggered event in
a molecule or assembly of molecules would be more likely
to take place at higher forces and/or application frequencies.
Recent studies of Src activation using FRET-based cytosolic
Src reporters have shown that it is activated by rapid application of stress (<0.3 s) (70).

CONCLUSIONS
For what we believe is the first time, we have analyzed the
topography and nanomechanical properties of distinct cytoplasmic regions in live growth cones. Measurement of the
height of the specific regions of the Aplysia growth cone
make it possible to determine the absolute volume of these
regions, which is an essential parameter for understanding
how energy and mass are transferred in the process of neurite
growth. The mechanical properties of the subcellular growth
cone regions correlate well with the amount, organization,
and dynamics of their underlying cytoskeletal structures,
particularly with respect the various F-actin structures in
the P domain. Among the different F-actin subpopulations
presented in this study, the highest stiffness was determined
for the filopodial actin bundles, which are actin structures
with the highest level of cross-linking and polarity.
However, the P domain lamellipodia and T zone are also
significantly stiffer than the C domain.
Is there a correlation between stiffness of individual growth
cone regions and their role in growth cone motility and guidance? An increased rigidity of actin bundles clearly allows the
filopodia and lamellipodia to transmit tension between adhesion sites at the leading edge of the growth cone and C domain
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that is required for adhesion-mediated growth cone advance
and steering (47). When adhesion-molecule-coated beads
are placed onto the P domain of Aplysia growth cones and
restrained against retrograde translocation driven by actin
flow, significant attenuation of such actin flow, tension build
up between the P and C domain and growth cone leading edge
advancement can be observed (47). The high mechanical
rigidity of organized actin structures in the P domain is well
suited to its role in transmission of tension between extracellular substrates and the central domain of growth cones via the
coupling between adhesion molecules and actin cytoskeleton
(47). The stiffness of these actin structures provides the capability to withstand the application of extensive traction forces
during growth cone advancement. Considering the size of the
beads (5 mm) used in these experiments, the relative contribution to traction force generation by filopodial bundles
compared to intervening lamellipodial veils are difficult to
estimate. Earlier studies showed clearly that a not only lamellipodia but also single filopodia can produce a traction force
(71,72) and induce growth cone turning (73). Microneedle
and flexible substrate approaches determined retraction forces
of 90 mdyne for single filopodia (71,72). Recent optical tweezers measurements, on the other hand, showed lower protrusive forces for filopodia (3 pN) and lamellipodia (20 pN) (74).
A number of guidance cues, receptors, mediators, and cytoskeleton associate proteins have been identified that control
growth cone guidance (3). An outstanding question in growth
cone guidance is how signals are transmitted over microns
from the leading edge of the P domain to the C domain on
the short timescales that have been measured in vitro studies.
It is becoming increasingly clear that force plays an important
role in the way cells interact with materials and is widely
postulated that this take place through conformational
changes in proteins (68). The adhesion-mediated growth
cone guidance assay (47) has shown that tension is an important factor for growth cone turning. The fact that the P domain
of a growth cone is quite stiff means that it can efficiently
transmit stress via the filopodia to the T zone and C domain
where microtubule remodeling results in growth cone turning.
Force measurements made in this study also suggest there
may be a mechanically sensitive transducer in the T and
C domains. These observations lead us to propose that the stiff
filopodia and actin meshwork in the P domain play an integral
role in the control of growth cone guidance and that growth
cone guidance is controlled by at least one force sensitive
protein that is located in the T zone or C domain.

APPENDIX A: DETERMINATION OF THE
NANOMECHANICAL PROPERTIES OF CELLS
USING SCALING ANALYSIS OF AFM FORCE
MEASUREMENTS
AFM nanoindentation measurements have been used widely to analyze the
mechanical properties of inorganic and organic materials (39). Fewer quantitative measurements have been made on specific regions of live cells due to
Biophysical Journal 96(12) 5060–5072
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FIGURE 9 Force-indentation curves
measured on agarose and demonstration
of scaling analysis. (A) AFM image of
an area near the edge of a thin agarose
gel film (0.5% bacterial agar) scanned
in 50% isopropanol. (B) The thickness
of this film can be identified in the cross
section. (C) A log (cantilever deflection)
versus log (indentation) representation
of a force curve measured with a 50-nm
radius Biolever probe on a ~700 nm
agarose film. The log-log plot clearly
indicated a change in the slope from 1
to 1.5 and 1.5 to 2. (D) Force curve
measured with a Mikromasch CSC12/
No Al tipless cantilever modified with
5-mm diameter silica microsphere. This
force curve followed a 1.5 order power
law consistent with a spherical Hertzian
indentor throughout the range of the
measurement. (E) Linear representation
of the Biolever force-indentation curve
that was only consistent with a spherical
Hertzian fit for the first 50 nm of indentation. The Young’s modulus measured
with the Biolever and 5-mm diameter
silica microsphere were consistent with
each other as well as with previous
measurements made on similar gel films
(75,78).

three technical limitations. First, the point of contact of the AFM probe with
the cell is very difficult to determine accurately, due to the size of the probe
and softness of the cell. Second, the geometry of interaction of the AFM
probe with a cell is complicated by the structure of the probe. Third, indentation stresses penetrate deep into a material and thus measurements on cells
will be influence by the substrate if the depth of indentation exceeds 10% of
the thickness of the cell (75). To overcome these limitations, force measurements on cells have been made with 5 to 10 micron-sized spherical probes
resulting in measurements that are averaged over many microns (75,78).
In this study, the Young’s modulus of various subcellular regions of the
Aplysia growth cone was determined by analyzing force measurements
made with a normal AFM probe using scaling analysis (77). This approach
is based on the fact that Hertzian contact mechanics predicts force induced
by a spherical indenter is proportional to the deformation raised to its 1.5
power, whereas cylindrical and conical indenters follow 1.0 and 2.0 power
laws, respectively. Thus, scaling analysis comparing the indentation
behavior of large spherical probes with the smaller Biolever probes used
in this study can be used to identify the region of the force curve in which
spherical Hertzian contact mechanics are applicable (Fig. 9).
Fig. 9, A and B, show an AFM image of a 0.5% bacterial agar gel film, on
which force versus distance measurements have been made 700 nm from the
leading edge of the film in a 1:1 isopropanol/water solution. Fig. 9 C presents
this force curve in terms of log (deflection of the cantilever) versus log
(indentation). This log-log plot identifies clearly the region of the force curve
that follows a 1.5 power law and the region that follows a higher-order
power law. The 1.5 power law behavior dominates until indentation exceeds
the nominal radius of curvature of the AFM tip used for this measurement
(~50 nm), which is consistent with observations from previous studies
(78). At high loads, the force versus displacement behavior follows a power
law of order 2 or higher, which is attributed to the interaction of the pyramidal portion of the probe with the cell.
The accuracy of this scaling-analysis approach was determined by carrying
out force measurements on various regions of the above mentioned gelatin
film using both a 50 nm radius AFM cantilever and 5-mm diameter spherical
Biophysical Journal 96(12) 5060–5072

indenter. The spherical indenter was assembled by placing a 5.0-mm diameter
silica particle on a tipless cantilever (CSC12/No Al, Mikromasch, Wilsonville, OR) using a two-part ultraviolet-activated epoxy adhesive. The exact
spring constant of each cantilever was determined in air before and after attaching the microspheres (described in Materials and Methods). AFM images
and force measurements were then made 100–800 nm from the edge of the gel
in the 1:1 isopropanol/water solution. The Hertzian contact mechanics model
(Eq. 2) was fit to the entire spherical indenter force curve (Fig. 9 D), whereas
fitting of the 50 nm radius cantilever data were only carried out on the portion
of the force curve that exhibited a 1.5 power law behavior in the log-log plot
(Fig. 9 E). The resulting elastic moduli for each measured regions of the gel
were found to vary by no more than 5% between these two types of indenters.
These results confirmed that the scaling analysis for force curves produced
accurate measurements of the local elastic modulus of relatively thick films.
However, this analysis will over estimate the true modulus in regions of the
growth cone that are thinner than 300–500 nm (79,80).
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